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ABSTRACT 
Pathogen outbreaks have been linked to drinking water distribution systems (DWDSs), 
where the pathogens have been found to be harbored in biofilm layers inaccessible to disinfectants. 
Biofilm growth is ubiquitous in both natural and engineered environments, including the pipe net-
works of DWDSs. Calcium carbonate is also often found precipitated on pipe walls and biofilms, 
but the influence of its presence on the interaction between biofilms and pathogens is still un-
known. The objective of this study is to determine the influence of calcium carbonate precipitates 
on pathogen adhesion to and detachment from biofilms. Thus far, the research focus has been to 
create an agarose hydrogel with similar elastic moduli to real biofilms in order to perform system-
atic studies of calcium carbonate precipitation within the gel.  Agarose is a polymer made of chains 
of alternating galactose and anhydrous galactose, whose elastic modulus can be tuned by varying 
the agarose content. Thermogravimetric analyses (TGA), confocal microscopy, Raman spectros-
copy, and Fourier transform infrared spectroscopy (FTIR) have been used to elucidate composition 
of mineralized gels and response to mineralization. Our findings show that the only crystalline 
phase within the agarose hydrogels is calcite and that the crystals sit in one main layer. Based on 
the TGA results, increasing concentrations of calcium ions appear to weaken the hydrogel struc-
ture, though this effect is less significant in the mineralized gels, where the calcium is consumed 
by precipitation of calcite. The agarose content within the calcite crystals was found to be between 
5.4-10.6%, which is not negligible. Atomic force microscopy (AFM) microindentation was used 
to study the viscoelasticity of non-mineralized and mineralized hydrogels to increase understand-
ing of how crystallization affects the polymer network’s structure and the mechanical behavior. 
Elastic moduli of the non-mineralized gels had a wide range of values (averages from 0.52-3.87 
kPa), but results were reproducible within replicates. The influence of mineralization on the local 
mechanical properties of the agarose gel appears to be small, suggesting that although gelation 
happens at different concentrations, the network equilibrates to the same calcium concentration in 
saturated calcium carbonate solution. This finding excludes one mineralized gel that had increased 
moduli in areas within a cluster of crystals, which could not be attributed to substrate effects alone. 
The deviation between replicates is attributed mostly to small changes in water content, resulting 
in significant changes in the elastic modulus. Elastic moduli of biofilms were found to be even 
lower (averaging 0.16 kPa), but these results may not be reliable due to colloidal probe roughness 
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and biofilm thickness. While the colloid roughness leads to an underestimation of the elastic mod-
uli, small biofilm thickness may enhance substrate effects, thereby causing an overestimation of 
the stiffness. Further studies to understand the role of calcium ions and of local heterogeneities in 
the agarose hydrogels include AFM microindentation on non-mineralized gels in deionized water 
and calcium-enhanced gels, and macro-rheology experiments on non-mineralized, mineralized, 
and calcium-enhanced gels, respectively. We will also extend the work to real bio-mineralized 
biofilms and to measurements of adhesion between model biofilms and colloidal particles and 
bacteria as a function of the mineral content. 
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INTRODUCTION 
Biofilms are sessile communities of bacteria found ubiquitously in natural and engineered 
environments. Biofilms present in drinking water distribution systems (DWDSs) pose a threat to 
our public health and undermine biological stability within the distribution network (Prest, 
Hammes, van Loosdrecht, & Vrouwenvelder, 2016). They have been shown to harbor pathogens 
capable of reentering the water column and can enhance pipe corrosion that accelerates infrastruc-
ture deterioration (Hall-Stoodley & Stoodley, 2005; Prest et al., 2016). Like biofilms, calcite is 
also commonly found precipitated in DWDSs, but their interaction with each other is not well 
understood. Mineralization within biofilms changes their network structure and hence their me-
chanical properties, which determines the way they respond to external stresses. Additionally, 
mineralization can affect the interactions with planktonic bacteria in the water column, which have 
been suggested as a source of living cells to biofilms (Prest et al., 2016). 
Biofilms consist mainly of extracellular polymeric substance (EPS), which governs the cen-
tral properties of the biofilms and serves a variety of purposes for the microorganisms it houses, 
including the structural integrity and sorption mechanisms (Böl, Ehret, Bolea Albero, Hellriegel, 
& Krull, 2012; Nwodo, Green, & Okoh, 2012). Secreted by microorganisms, EPS is a biopolymer 
composed primarily of polysaccharides, but also proteins and lipids. The composition of the EPS 
is dependent on the community of microorganisms secreting them, their environment (i.e. hydro-
dynamic conditions and growth conditions), and the substrate material (Böl et al., 2012; Klapper, 
Rupp, Cargo, Purvedorj, & Stoodley, 2002; Nwodo et al., 2012; van Loosdrecht, Lyklema, Norde, 
& Zehnder, 1990). The resulting material and internal structure will determine much about the 
biofilm’s behavior and play important roles in surface colony development (van Loosdrecht et al., 
1990).  
With up to 99% water by weight, the EPS acts as a highly hydrated thin-film polymer, com-
prising numerous types of interactions within the matrix and binding to surfaces by many weak 
anchor points. These weak interactions with the surface and within the matrix are typically physi-
ochemical bonds, including hydrogen bonds and van der Waals interactions. Water molecules in 
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the matrix are largely responsible for hydrogen bonding with other water molecules and polysac-
charide chains. In addition to these interactions, hydrophobic and electrostatic interactions are also 
responsible for the cohesive nature of the biofilm (Evans, 2003). This compilation of interactions 
leads to entanglements of the biopolymer, forming a 3-D filamentous network with permanent and 
temporary junctions that increase the stability of the EPS and lead to an inherently heterogeneous 
film with gel-like behavior (Ehret & Böl, 2013; Körstgens, Flemming, Wingender, & Borchard, 
2001).  
Because bacteria and EPS are often negatively charged, multivalent ions, particularly cal-
cium (Ca2+), provide a significant contribution to the overall binding forces of the biofilm, cross-
linking localized charges or simply being present as hydrated cations (Evans, 2003; H. C. 
Flemming & Wingender, 2003; Körstgens et al., 2001; Wloka, Rehage, Flemming, & Wingender, 
2005). Calcium ions may also influence initial adhesion of bacteria to a surface (Oliveira, 1992). 
Despite alginate being a negatively charged polysaccharide and the main component of the EPS 
of model biofilm strain Pseudomonas aeruginosa, analyses of environmental biofilms rarely detect 
any charge (H.-C. Flemming, Neu, & Wozniak, 2007; Körstgens et al., 2001). However, Körstgens 
et al. (2001) found that P. aeruginosa biofilms grown on agar gels with increasing Ca2+ concen-
trations made the biofilms stiffer and thus increased the apparent Young’s modulus.  After reaching 
a critical Ca2+ concentration, the Young’s modulus remained constant due to limited binding sites. 
In another study, the combination of the alginate and calcium ions formed compact, rigid layers 
caused by bridging (Xin, Bligh, Kinsela, Wang, & David Waite, 2015). The size and solid content 
of alginate aggregates increased with increasing calcium concentration, particularly at high cal-
cium concentrations, but resulted in higher overall porosity of the system as a whole (Xin et al., 
2015). 
The presence of calcium in the biofilm matrix can be attributed to the sorption properties of 
the EPS network. Biofilms have a large sorption capacity, allowing for the uptake of molecules 
and particulates from the water, including nutrients, ions, inorganics, and mineral precipitates. A 
biofilm’s heterogeneous surface gives it many sorption sites such as charged groups on the poly-
mer chains, nonpolar groups, and cell membranes (H.-C. Flemming & Leis, 2003). With the sorp-
tion of ions and ample nucleation sites, biofilms are capable of precipitating calcite in a variety of 
mechanisms via biologically induced mineralization or biologically influenced mineralization 
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(Decho, 2010; H.-C. Flemming & Leis, 2003; Jones & Peng, 2012; Kawaguchi & Decho, 2002). 
Crystals can precipitate within the EPS network or form at the surface and become embedded as 
the biofilm grows (Evans, 2003). In addition to biologically mediated precipitation processes, 
many marine organisms have mechanisms, referred to as biomineralization, to produce controlled 
and highly-tuned crystalline formations in soft organic matrices. In this field, the research has 
focused on understanding how organic components affect crystal formation and polymorphism 
(Asenath-Smith, Li, Keene, Seh, & Estroff, 2012; Li & Estroff, 2009). 
The resulting internal structure of the organic matrix will dictate the mechanical properties 
of the biofilm, which have been studied using a variety of techniques summarized by Möhle et al. 
(2007), Billings et al. (2015), and Böl et al. (2012). Reported values for the measured modulus of 
biofilms in literature show considerable variation, which has been attributed to parameters such as 
measurement technique, bacterial community composition, biofilm growth conditions, and applied 
stress states (Aravas & Laspidou, 2008; Billings et al., 2015; Böl et al., 2012; Brydie, Wogelius, 
Boult, Merrifield, & Vaughan, 2009; Rupp, Fux, & Stoodley, 2005; Stoodley, Cargo, Rupp, 
Wilson, & Klapper, 2002). Using a film rheometer for uniaxial compression testing, bulk rheology 
measurements of the apparent Young’s modulus of P. aeruginosa biofilms were reported as 6.0 ± 
1.0 kPa for calcium concentrations lower than 0.08 mg-g-1 (Körstgens et al., 2001). As a compar-
ison, using colloidal probe AFM with biofilms grown on the glass spheres, Lau et al. (2009) found 
the instantaneous elastic modulus of multiple strains of P. aeruginosa to range between 15-170 
kPa. In addition to viscoelastic properties, AFM has been used previously to study interfacial in-
teractions and topography, and for imaging of biological samples (Beech, Smith, Steele, Penegar, 
& Campbell, 2002; Böl et al., 2012; Brydie et al., 2009). Colloidal probe AFM is a promising 
technique for biofilms because of ability to measure precise locations on a microscale. 
Mathematical models of biofilms and various simulation techniques are continually being 
developed to study and predict their mechanical behaviors and response to external stresses (Ehret 
& Böl, 2013). Viscoelastic materials, like biofilms, are often modeled as a spring and dashpot in 
series to represent both the elastic and viscous behaviors (Billings et al., 2015; Körstgens et al., 
2001; Lau et al., 2009). However, despite exhibiting viscoelastic behavior, biofilms are also mod-
eled as viscous or elastic materials. The available literature discusses a wide range of other mod-
eling approaches, including using network theory, growth kinetics, detachment models, and other 
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viscoelastic models based on experimental biofilm data (Ehret & Böl, 2013; Klapper et al., 2002; 
Möhle et al., 2007). Nevertheless, as noted by Böl et al. (2012), model development relies on the 
extensive understanding of real biofilm behaviors.  
Biofilms’ complexity, heterogeneity, and dynamic nature makes studying their material 
properties and the effects of mineralization extremely difficult. Because of this, hydrogels have 
been suggested and used as models for soft biological tissues (Ahearne, Yang, El Haj, Then, & 
Liu, 2005; Decho, 2010; Strathmann, Griebe, & Flemming, 2001). Like EPS, they possess a 3-D 
highly-hydrated biopolymer network, and their porous structure provides cavities for crystalliza-
tion, a feature used for studying biomineralization (Asenath-Smith et al., 2012; Li & Estroff, 2009; 
Li, Xin, Muller, & Estroff, 2009). Mechanical properties of hydrogels and various influential pa-
rameters have been studied, including varying the gel concentration to achieve different network 
properties and strengths (Ahearne et al., 2005; Anseth, Bowman, & Brannon-Peppas, 1996). Be-
cause biofilms are largely made up of physical interactions, physical hydrogels may provide a 
better representation for modeling and the prospect of studying the influence of single parameters 
(Strathmann et al., 2001; Wloka et al., 2005).  
Agarose, a physical gel composed of weak interactions and physical entanglements, acts as 
an inert medium for crystal growth (Asenath-Smith et al., 2012; Tokita & Hikichi, 1987). Agarose 
is a uncharged linear polysaccharide of alternating β-1,3 linked D-galactose and α-1,4 linked 3,6-
anhydro-αL-galactose with a well-studied gelation mechanism. As an agarose gel solution begins 
to cool, single agarose coils form double helices which aggregate to form junctions (Emanuele et 
al., 1991; Normand, Lootens, Amici, Plucknett, & Aymard, 2000; Tokita & Hikichi, 1987). As 
these ordered regions begin to cluster, the solution spinodially demixes to form polymer-rich and 
solvent-rich regions, creating an inherently heterogeneous network structure. Because of the aga-
rose macromolecule’s large size compared with the mesh-size of the network, they form multiple 
non-covalent bonds by interactions with neighboring helices via hydrogen bonding and van der 
Waals forces (Fujii, Yano, Kumagai, & Miyawaki, 2000). These weak interactions lead to entan-
glements, physically crosslinked polymers, and connections between aggregated polymer regions. 
The correlation length, or network mesh-size, is measured as the space between crosslinks. The 
elasticity of agarose depends on the correlation length (found using percolation theory to be around 
200 nm for a 0.5 weight% gel) and the persistence length of the macromolecules, observed as rigid 
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fibers following scalar elasticity (Fujii et al., 2000). As the concentration of agarose decreases, the 
pore size and pore size distribution both increase (Maaloum, Pernodet, & Tinland, 1998). Although 
the 0.5 weight% gel was at the limit of being too soft to image with AFM, the average pore size, 
determined using electrophoretic mobility estimates, was calculated at 810 nm (Maaloum et al., 
1998). Network structure is sensitive to the solvent and will vary under different solution condi-
tions, including ionic strength (Maaloum et al., 1998; Singh, Meena, & Kumar, 2009).  
For the 0.5 weight% agarose hydrogel, the apparent elastic moduli from compression has 
been reported to be around 5.3 ± 0.25 kPa (Normand et al., 2000), or around 6.5 kPa (Ahearne et 
al., 2005). Compared to alginate hydrogels, agarose hydrogels were found to be more elastic and 
more stable under various aqueous conditions (Ahearne et al., 2005). Agarose hydrogels exhibit a 
linear increase of the Young’s modulus with increasing agarose concentration, but calcium binding 
effects are likely to result in different mechanical properties compared to charged polymers 
(Ahearne et al., 2005).  
Calcite crystals have been found to grow among an agarose hydrogel network, despite the 
interfacial energy (Li et al., 2009). When a gel becomes mineralized, the hydrogel network must 
accommodate the crystal by stretching to create space or the fibers become incorporated in the 
crystalline structure (Asenath-Smith et al., 2012; Li & Estroff, 2009). This relationship is a balance 
between the crystallization pressure, related to the gel modulus, and the rate of crystal growth, 
resulting in scenarios of either complete or no incorporation of the polymer network into the crystal 
(Li & Estroff, 2009). Although these studies have addressed the parameters dictating the incorpo-
ration of polymer fibers into calcite crystals, the structural effects due to the rearrangement of the 
polymer network as the crystal grows have not been studied.  
By comparing the mechanical behavior of non-mineralized, mineralized, and calcium-en-
hanced agarose hydrogels, increased understanding of how these fibrous networks change and 
adapt to mineralization can elucidate information about the structural response of biofilms and 
how the mechanical properties of mineralized films can be controlled or tuned. In this study, calcite 
crystals were grown in 0.5 w/v% agarose hydrogels via a single diffusion solution method. Micro- 
and macroscopic techniques were used to understand the gel composition and its mechanical prop-
erties. AFM microindentation was used to understand microscale heterogeneities and the spatial 
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variation of mechanical properties, specifically the Young’s modulus, in relation to the distribution 
of crystals within the network. The introduction of calcium ions will be used to study the effects 
of this divalent ion on the binding behavior, network structure, and the Young’s modulus. Our 
study results can be used to model biofilm behavior in response to mineralization and advance the 
current knowledge about mineralization of biofilms. 
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MATERIALS AND METHODS 
2.1 AGAROSE HYDROGEL PREPARATION 
Agarose hydrogels were prepared at 0.5 w/v% by adding agarose power (Sigma Aldrich, ≤ 
0.15% sulfate anions) to deionized water with varying concentrations of calcium chloride (0, 25, 
50, or 100 mM, Sigma-Aldrich). The solutions were heated to 85°C and stirred at 360 RPM for 8 
minutes. For thermogravimetric analyzer samples (TGA), 150 μl of liquid gel was pipetted on a 
glass coverslip, which became a flattened droplet after being covered with a glass slide; the volume 
was optimized to allow TGA tests of the whole sample mass to account for heterogeneities. For 
atomic force microscope (AFM) samples, 70 μl of liquid gel was pipetted onto a glass coverslip.  
Glass slides were then placed over the droplet allowing it to spread into a film ~140 μm thick. For 
fluorescence work, fluorescein sodium salt (Sigma-Aldrich) was added to the hot liquid gel and 
were prepared like AFM samples. After samples solidified for at least 30 minutes, the glass support 
was removed (AFM samples remaining on the coverslips) and samples were soaked for 24 hours 
in a sodium carbonate (Sigma-Aldrich) solution of equal concentration to the calcium chloride 
solution to induce mineralization. Samples were rinsed with DI and stored in a saturated calcium 
carbonate solution overnight at 2°C. To investigate the effects of calcium ions only, samples were 
made with calcium chloride solutions and were rinsed and stored in the same calcium chloride 
solution. All samples were tested within two days after soaking in the final solution.  
2.2 CHARACTERIZATION OF MINERALIZED AND NON-MINERALIZED AGAROSE GELS 
The amount of calcite precipitates in the agarose hydrogels was quantified using thermal 
gravimetric analysis (TGA, Perkin Elmer). To increase the dry mass to a detectable range, gels 
samples were partially dried by heating them on a hot plate at 55°C for 30 minutes prior to the 
TGA test. The partially dry samples, weighting between 35-40 mg, were heated to 900°C at a rate 
of 5°C per minute, pausing at 65°C for one hour to ensure all the water evaporated. 
The percent weight loss from calcite decomposition was determined from the difference in 
the weight% values at the on- and offset decomposition temperatures. The thermal decomposition 
of calcite is described with by the following stoichiometric relationship: 
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ܥܽଶܥܱଷ → ܥܱܽ(ݏ) + ܥܱଶ(݃). (1)
Since the weight loss calculated is attributed to gaseous CO2, a weight factor is applied to 
find the percent calcite in the sample (Equation 2).  
%ܥܽଶܥܱଷ = 100
௚
௠௢௟ ܥܽଶܥܱଷ44 ௚௠௢௟ ܥܱଶ %ܥܱଶ (2)
The crystalline phase of the mineral precipitated in the agarose hydrogel was determined by 
Raman spectroscopy using a Nanophoton Fast Laser Scanning Raman microscope with a 532 nm 
laser and by Fourier transform infrared spectroscopy (FTIR) over wavelengths 400-4000 cm-1. 
Images and z-stacks taken with a Zeiss LSM7 confocal microscope using a 488 nm laser yielded 
information about the structure of the mineralized agarose hydrogels, which were processed using 
ImageJ. 
2.3 BIOREACTOR 
A bioreactor based on the CDC Biofilm Reactor was constructed and used to grow an Esch-
erichia coli 18f biofilm under high shear and continuous flow conditions (ASTM, 2012; EPA, 
2013). Escherichia coli 18f is an environmental strain isolated from drinking water by Dr. Wen-
tso Liu’s research group in the Civil and Environmental Engineering Department at the University 
of Illinois at Urbana-Champaign. Liquid bacterial suspensions were prepared from plated cultures 
and incubated overnight in an environmental shaker at 200 RPM and 37°C. The bioreactor, con-
taining rods with glass coverslip coupons, and an LB Broth Miller (Sigma-Aldrich) batch culture 
medium (25 g/L) were autoclaved. The sterilized bioreactor with the batch culture medium was 
inoculated with the liquid bacterial culture (1 mL) and operated in batch phase for 24 hours at 60 
± 5 RPM to reach a steady state population. The reactor maintains a 60 ± 5 RPM stir rate through-
out the entire bioreactor operation. After 24 hours, two nutrient feed lines of LB Broth Miller 
solution (8.33 g/L) were pumped into the reactor with a residence time of ~1 hour to provide 
nutrients for the bacteria. In order to achieve mineralization within the biofilm, one of the nutrient 
feed lines contained a CaCl2 solution with a known concentration, and the other a Na2CO3 solution 
at the same concentration. Upon mixing in the bioreactor, CaCO3 precipitates in solution and can 
stick to the continuously growing biofilm, forming an inorganic/polymer composite. After 48 
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hours under continuous flow conditions, the coupons were harvested for experimental studies. 
LIVE/DEAD stain (LIVE/DEAD BacLight Bacterial Viabilitiy Kit  L-7007, Life Technologies, 
Thermo Fisher Scientific) was added to biofilms on the glass coverslips for confocal microscopy 
(Zeiss LSM7) using a 488 nm laser. Images and z-stacks were analyzed using Comstat2 (Comstat2; 
Heydorn et al., 2000; Vorregaard, 2008).  
2.4 MICROINDENTATION 
The indentation force versus indentation depth profiles of the non-mineralized and mineral-
ized agarose hydrogels and biofilms were determined using colloidal probe AFM (JPK NanoWiz-
ard® 4 NanoScience) with a Zeiss Observer.A1 inverted microscope, allowing the use of the Di-
rectOverlay™ feature. Colloidal probes were 10 μm in diameter silica spheres with a surface 
roughness RMS no larger than 4 nm (Figure 10). AFM indentation measurements were taken in 
an aqueous environment (saturated calcium carbonate solution) at a constant speed of 1 μm/s. The 
spatial variation of the Young’s modulus in different regions of the gels was found using force 
maps with a 30x30 μm area and 8x8 grid, resulting in 64 individual force curves per force map; at 
least three force maps were taken in each gel due to structural heterogeneities (i.e. within clusters 
of crystals and in areas without crystals in close proximity). The Hertz model (JPK Instruments, 
2008) was used to estimate the Young’s modulus for each force curve by adjusting the curves to 
force versus tip-sample separation and using a Poission ratio of 0.5 (typical for soft biological 
materials). The Hertz model is the most commonly used model for elasticity measurements and 
assumes that the sample is isotropic, linear elastic, and homogeneous. Other conditions of the Hertz 
model are that the indenter is non-deformable and that the sample and indenter do not interact. 
Assuming no substrate effect, indentations are limited to 5-10% of the sample height. The tip shape 
plays a large role in the calculations of the model, hence the need for smooth colloidal spheres.   
To exclude the influence of protrusion forces (owing to single agarose fibers sticking out of 
the gel plane) and non-contact surface forces (i.e. electrical double layer forces), the fit was per-
formed for indentations larger than 100 nm. The total indentation depth was defined as the depth 
where the Hertz model no longer fit well in that range (an error above 30 pN) resulting in an 
average fitted indentation depth of ~450 nm. The inability to fit entire indentation curves with the 
Hertz model owes to the fact that agarose hydrogels are neither homogeneous nor purely elastic. 
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RESULTS AND CONCLUSIONS 
3.1 HYDROGEL COMPOSITION 
Raman spectroscopy was used to determine the crystalline polymorph(s) within the agarose 
hydrogels shows the representative spectra of the mineralized agarose gel and of single crystals 
distributed within the mineralized gel (denoted as Type A, B and C). The spectra measurements 
on single crystals in the gel exhibited a varying number of characteristic calcite peaks, increasing 
from Type A to Type C. All three types had a characteristic agarose peak at ~1007 cm-1, with an 
additional agarose peak seen in Type A. The increased agarose- and decreased calcite-peaks in 
Type A-measurements suggest that these crystals are located further away from the surface. Two 
of the calcite peaks observed in all measurements (~717 and 1090 cm-1) differ slightly from the 
calcite wavelength value stated in literature (713 and 1086 cm-1, White, 2009), which is attributed 
to interactions with agarose, and likely to the incorporation of agarose into the crystalline structure. 
Although the latter peak observed at 1090 cm-1 is also characteristic of vaterite, the characteristic 
split vaterite peak at 1074 cm-1 and 1090 cm-1 was not observed (Behrens, Kuhn, Ubic, & Heuer, 
1995). With no other vaterite or aragonite peaks detected, it was concluded that calcite is the only 
microscale crystalline phase within the agarose gels. FTIR spectra of mineralized gels also con-
firmed the presence of calcite, whereas no other minerals were detected (i.e. Na2CO3 and CaCl2; 
Error! Reference source not found.Figure 8).  
 
Figure 1. Raman spectroscopy of the representative spectra of the agarose hydrogel and crystals in min-
eralized gels. The crystal signals had varying counts of calcite peaks with one in Type A (1900 cm-1), 
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three in Type B (282, 717, and 1900 cm-1), and four in Type C (157, 282, 717, and 1900 cm-1). All crystal 
spectra contained at least one agarose peak (1005 cm-1), with only Type A showing an additional agarose 
peak (1606 cm-1). No other calcium carbonate polymorph was identified, therefore calcite was the only 
crystal phase in the mineralized agarose gel. 
To determine the effect of calcium and of mineralization on the hydrogel composition, ther-
mogravimetry of calcium-enhanced agarose gels prepared with varying concentrations of CaCl2 
and mineralized gels with the same Ca2+ concentrations are compared in Figure 2. The calcium-
enhanced gels were stored in unsaturated CaCl2 solutions at concentrations of 0 (DI water), 25, 50 
and 100 mM, consistent with their preparation concentration. Ions diffused into the gels until equi-
librium was reached after 2 days; the equilibrium concentration of CaCl2 within the gel results 
from a balance of the osmotic pressure taking into account that the gel can swell (hydrate) and 
contract (dehydrate). 
Figure 2a shows that the onset temperature of the decomposition of calcium-enhanced gels 
decreases with increasing Ca2+ concentration from ~275ºC to ~185ºC. Calcium ions are expected 
to bridge agarose chains via sulfate functional groups, providing additional crosslinking and likely 
enhancing microphase separation (i.e. solvent-rich and agarose-rich areas). However, the expected 
sulfate concentration of the agarose is <0.15% (<0.8 mM) in the prepared gels, and hence, it is 
much smaller than the Ca2+ concentration. Based on this, the major part of Ca2+ cannot bridge 
agarose chains by electrostatic interaction.  In fact, the significant decrease in the onset temperature 
of agarose decomposition indicates that Ca2+ ions reduce or disrupt the hydrogen bond network 
between the polar hydroxyl groups of agarose, leading to a less thermally stable gel.  
The agarose decomposition continues up to the maximum temperature but at a lower rate 
after an inflection point. On average, the residual weight of the 0 mM gels stored in deionized 
water at 873ºC is ~11.0 ± 5.7%. The residual content of the calcium-enhanced gels in Figure 2a 
consists of CaCl2 salt and the remaining agarose gel. The expected residual CaCl2-contents are 
35.7, 52.6 and 68.9% for 25 mM, 50 mM and 100 mM, while the average experimentally deter-
mined residual weights (at 873ºC) are 49.8 ± 5.7, 55.2 ± 5.7 and 63.4 ± 1.7%, respectively. Ac-
counting for the remaining agarose content (assumed to be an average 11.0%), the experimental 
values for residual CaCl2-content (42.7%, 50.0% and 59.9%) deviate from the expected values, 
although both experimental and calculated values increase with increasing CaCl2 concentration. 
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These results suggest that the agarose hydrogels reach their absorptive capacity for Ca2+ between 
25 and 50 mM CaCl2, where the residual % dry weights for CaCl2 are slightly above and below 
the theoretical CaCl2 amount, respectively.  
 
Figure 2: Thermal decomposition of a) (non-mineralized) calcium-enhanced agarose gels stored in CaCl2 
solution, and b) mineralized agarose gels equilibrated in CaCO3 solution; the decomposition of pure cal-
cite (grey) is also shown in this diagram as a reference. The following molar concentrations for each 
graph refer to the concentration of CaCl2 (a) and CaCl2/Na2CO3 used during gel preparation (b): 0 mM 
(black), 25 mM (blue), 50 mM (green) and 100 mM (red). The 0 mM reference gel with the mineralized 
gels (b) were prepared with DI water but stored in saturated calcium carbonate solution, whereas the 0 
mM reference gel with the calcium-enhanced gels (a) were stored in DI water. The thermal decomposi-
tion of CaCO3 in the mineralized agarose gels consist of a two-step decomposition (I and II). The residual 
% dry weight at 873ºC is given for each representative curve. 
Figure 2b shows the slight reduction of the onset of agarose decomposition for all mineral-
ized gels compared to the 0 mM reference gel (T1 ~248°C vs. ~266°C; Figure 9a); it should be 
noted that the 0 mM reference gel was synthesized with DI water but they were stored in saturated 
CaCO3 solution, analogous to the 25 mM, 50 mM and 100 mM mineralized gels. This demon-
strates the less significant structural weakening of the gels by mineralization. The reference (0 
mM) in saturated CaCO3 solution shows a slowed decomposition rate above ~330°C that continues 
up to the maximum temperature, leaving an average residual weight of 10.3 ± 3.8%. Mineralized 
I 
II 
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gels have a similarly slowed rate of decomposition until the onset of carbonate decomposition. The 
carbonate decomposition in the mineralized gels consists of a two-step decomposition that we 
denote as I and II. The thermal decomposition of CaCO3(I) starts at T2 ~564 ± 17°C, independent 
of the concentration (i.e. at a lower temperature than for bare calcite [~610ºC]), which suggests 
the lower stability of calcite when precipitated within the agarose gel. We attribute this to the 
incorporation of agarose fibers within the calcite crystals as has been seen previously reported 
(Asenath-Smith et al., 2012), as well as to the presence of more defects in the crystalline structure.  
A second carbonate decomposition takes place above T3 ~650ºC-710ºC and the onset tem-
perature increases with concentration (Figure 9b). Because Raman spectroscopy and FTIR detect 
only calcite, this second carbonate decomposition [CaCO3(II)] likely consists of a more stable form 
of CaCO3. Although the pure calcite in Figure 2b finishes decomposing ~770°C, the thermal de-
composition of calcite can continue decomposing until about 850°C (Rodriguez Navarro et al., 
2009).  
The dry weight losses were converted into percentages of calcium carbonate with respect to 
the total dry weight of each sample. The correlation between the percentage of precipitated 
CaCO3(I) in the gel and the CaCl2/Na2CO3 concentration follows a logarithmic trend (Figure 3), 
in agreement with the expected CaCO3 contents based on the gel composition (dotted line in Figure 
3a). However, the difference between the experimentally determined CaCO3(I) content in the gel 
and the expected value is 8.0 ± 3.4 w/w% across all concentrations, with lower values obtained in 
the experiment. Figure 3a shows the decreasing percentage of CaCO3(II) with increasing concen-
tration, which also exhibits a logarithmic dependence with respect to the concentration. The loga-
rithmic dependence with respect to the concentration is indicative of a linear dependence with 
respect to the chemical potential of the solution.  
The organic content in CaCO3(I) and CaCO3(II) minerals was roughly determined by as-
suming the residual weight was 10.3% agarose –as measured in the 0 mM mineralized gels- with 
respect to the agarose content of each sample (66.7, 50.0 and 33.3% for 25 mM, 50 mM and 100 
mM, respectively; diamonds in Figure 3b). The remaining residual was attributed to CaO, calcite’s 
decomposition product. The difference between the expected calcite content corresponding to CaO 
and the measured weight % of CaCO3(I) and CaCO3(II) is considered to be the agarose content 
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within the calcite crystals of each sample (Figure 3b). The content of agarose incorporated into the 
precipitated minerals is estimated to be ~10.6% in the 25 mM agarose gels, while only ~5.4% in 
the 50 mM and 100 mM mineralized agarose gels (squares in Figure 3b), and hence it is not neg-
ligible. 
 
Figure 3: a) Percentage of precipitated CaCO3(I)[circles] and CaCO3(II)[squares] in the mineralized 
agarose gels as a function of the concentration of CaCl2/Na2CO3 solutions. The trend is logarithmic with 
the concentration. b) The assumed residual agarose content (diamonds), the initial agarose decomposi-
tion (circles) and the agarose content within the calcite (squares) as a function of the concentration. The 
dashed lines give the total expected calcite (a) and agarose (b) contents based on the CaCl2/Na2CO3 con-
centration for the preparation of the gel. 
Confocal microscope images from mineralized gels on coverslips show one layer of calcite 
crystals within the gel (Figure 4). Because the gel is thin (~140 μm), diffusion of ions from the 
side can be neglected and fast diffusion of ions from the top results in a single crystal nucleation 
zone. The size of crystals in the 25 mM and 50 mM mineralized gels average around 32.2 μm2 and 
80.3 μm2, respectively. The crystal density was higher in the 25 mM gels than the 50 mM gels. 
This finding could be a result of increased interfacial energy caused by changes in gel formation 
with increasing concentration of Ca2+ used in gel preparation (i.e. CaCl2 concentration), causing 
in a lower nucleation rate in the 50 mM mineralized gel. 
a) b) 
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Figure 4: Confocal microscope image of a 50 mM mineralized gel, filtered to enhance the contrast be-
tween the crystals and the agarose gel network. The top picture is an aerial view showing the distribution 
of crystals. The bottom picture shows a side view of the single layer of crystals within the gel. 
3.2 MICROINDENTATION OF HYDROGELS 
To determine the effects of mineralization on the hydrogel structure and the spatial variabil-
ity of the Young’s modulus, force maps were taken on non-mineralized gels and mineralized gels 
near and away from calcite crystals (example force maps in Figure 5a, c, and e). Each force map 
yields 64 individual force curves and a Young’s modulus is calculated for each. Representative 
curves for each example force map are included in Figure 5b, d, and f to indicate the shape and 
spread of force curves. Replicates identify different hydrogel samples with at least two force maps 
in each calculated average. The spatial variability within a sample is seen in Table 1 by comparing 
the minimum and maximum values. Since the Hertz model is only strictly valid for small indenta-
tions, the maximum indentation was selected to be 1 µm, which is smaller than 10% of the gel 
thickness to avoid any substrate effect.  
The non-mineralized gels have a large spread of Young’s moduli, however the standard de-
viations of each replicate (“R” for non-mineralized reference gels and “C” for mineralized gels) 
showed reproducibility of values within a sample (Table 1). Increasing Young’s moduli appear to 
have lower indentation depths, indicating that the Hertz model does not fit the entire indentation 
curve well.  
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Two pairs of replicates were in agreement with one another (Figure 6a). R1 and R4 had an 
average elasticity of 0.67 kPa, while R2 and R3 had an average of 3.07 kPa. The standard devia-
tions for pairs R1/R4 and R2/R3 were about 0.20 and 0.85 kPa respectively. Two force maps from 
R1 were analyzed based on a maximum indentation depth of 500 nm, hence the first density peak 
in Figure 6a. The experiments for R1 and R2 were performed on the same day on different gels, 
however their elasticity values differ greatly.  
The elastic modulus of the hydrogels reflects the crosslinking density of the agarose network; 
a larger elastic modulus corresponds to a higher crosslinking degree. All gels were prepared under 
the same conditions (same agarose concentration in the bulk solution and temperature). Since 
evaporation is possible during gelation, the water content can slightly vary across samples. In fact, 
the TGA results yield a calculated percentage of agarose that varies by ~1-3% dry weight within 
replicate samples (Figure 3b). In addition, the gels may dry slightly during the sample mounting, 
since a droplet of water covers the hydrogel but not the hydrogel edges, and during the AFM 
experiments. For that reason, we cannot exclude that the agarose concentration and crosslinking 
degree is not slightly different in each sample and does not contributes to the observed differences. 
Table 1: Summary of all the AFM force map results on non-mineralized and mineralized gels (near and 
away from calcite). Replicates include up to four force maps for each sample. 
 
The mineralized gels were probed near and away from calcite crystals. The force maps near 
calcite included at least three calcite crystals within close proximity (<10 μm from the edge of 
force map to the edge of calcite). Mineralized gels C2 and C3 had averages and standard deviations 
that were similar near and away from calcite (2.03 and 1.96 kPa, respectively; Table 1). Again, the 
low standard deviations within replicates indicate reproducibly within individual samples. The 
results from C2 and C3 indicate that the crystals do not themselves strengthen or weaken the aga-
rose network, given the good overlap of these regions in Figure 6b. Instead, it appears the gels in 
Replicate R1 R2 R3 R4 C1 C2 C3 C1 C2 C3Average 0.83 2.27 3.87 0.52 10.95 2.11 1.96 5.91 2.20 1.71Standard Deviation 0.24 0.67 1.04 0.17 5.07 0.59 1.21 1.90 0.89 1.06Maximum 1.50 4.18 6.66 1.44 21.94 3.77 5.47 12.31 5.85 5.73Minimum 0.25 0.57 1.64 0.08 0.76 0.67 0.38 0.30 0.50 0.46
away from calcitenear calciteMineralized gelNon-mineralized gel
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the calcium carbonate saturated solution may reach a new equilibrium to accommodate the crys-
tals. This may also be an effect of gelation in the presence of Ca2+. Since the mineralized gels are 
stored in saturated calcium carbonate solution, excess calcium is washed out, and all mineralized 
and non-mineralized gels are in equilibrium with the same solution. This is supported by similar 
decomposition temperatures for all gels in saturated calcium carbonate (Figure 2b), suggesting the 
stability of agarose, and therefore the degree of crosslinking, is not affected by mineralization. 
Conversely, mineralized gel C1 showed a higher average closer to calcite (10.95 kPa) than 
farther away from calcite (5.91 kPa), indicating there was an influence of the distance to the calcite 
crystals. C1 has the largest spread of elasticity values out of all the replicates, ranging from 0.76-
21.94 kPa (Figure 6b). The maximum value in C1 (21.94 kPa) and other high moduli can be a 
result of substrate effects from the calcite crystal, which causes a significant increase in the 
Young’s modulus. However, based on the map grid, this does not appear to be the case for all of 
the top 25% Young’s moduli in C1 (16.45-21.94 kPa). C2 and C3 do not show influence of a 
substrate effect from the calcite crystals. This result could be dependent on the location of the 
crystals beneath the hydrogel surface, however this cannot be determined by AFM. Nevertheless, 
C1 had an increased Young’s modulus in relation to C2 and C3, and with respect to the non-
mineralized samples.  
Excluding the mineralized gel C1 and considering the large deviation between replicates of 
non-mineralized and mineralized gels, the influence of mineralization appears to be small. This 
suggests that the gel network achieves a new equilibrium with the saturated CaCO3 solution, inde-
pendent of the concentration of CaCl2/Na2CO3 during synthesis. With respect to the C1, the in-
creased elastic modulus in this sample may be a result of mineralization, nanosize-crystals, or from 
other factors such as change in water content. In fact, different water contents and changes in 
porosity may be affecting all measurements.  
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Figure 5: Example force maps of a non-mineralized gel (a), a mineralized gel near calcite (c), and a min-
eralized gel away from calcite (e) have a maximum of 64 individual force curves, each yielding a Young’s 
modulus value (kPa), calculated by limiting the indentation depth to 1000 nm and the RMS error to -30 
a) b) 
c) 
e) 
d) 
f) 
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pN. The average, maximum, and minimum Young’s moduli of the example force maps are 2.78 ± 0.48, 
4.66, 1.64 kPa for the non-mineralized gel (a), 2.11 ± 0.61, 3.61, 0.84 kPa for the mineralized gel near 
calcite (c), and 2.20 ± 0.54, 3.10, 1.07 for the mineralized gel away from calcite (e). The representative 
force curves of the non-mineralized gel (b), the mineralized gel near calcite (d), and the mineralized gel 
away from calcite crystals (f) include the force curves corresponding to the maximum Young’s modulus 
(red), the lowest Young’s modulus (blue), and the Young’s modulus value closest to the average (green). 
Additional force curves indicate the steepest and shallowest forces curves, and two curves in the middle 
region. The shallowest curve corresponds to the minimum Young’s modulus value in (b) and (f). The non- 
mineralized gels were stored in saturated calcium carbonate solution (0.13 mM) before the AFM experi-
ment for 24 hours. All AFM experiments were performed in saturated calcium carbonate solution. 
 
Figure 6: Young’s moduli and total indentation depth are compared for non-mineralized (a) and mineral-
ized (b) gel force maps. “R” and “C” refer to a replicate in the non-mineralized and mineralized gels, 
respectively, which indicates a different hydrogel sample and is comprised of at least two force maps 
within that sample. Each dot represents a force curve within that force map. In the mineralized gels, re-
gions around calcite away from calcite are noted as “no.cal” and “cal”, respectively.  
A decrease of 0.2% of water leads to a notable increase in agarose concentration (from 0.5 
weight % to 0.7 weight %) and the elasticity. Normand et al. (2000) found that the compression 
modulus of 0.5 w/w% and 0.7 w/w% gels were 5.3 ± 0.25 kPa and 14 ± 1 kPa, respectively. There-
fore, slight changes in water contents can play a huge role in the measured elastic modulus. Other 
sources of deviations may be due to the amount of heat emitted from the microscope, hydrogel 
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synthesis, and partial detachment of the thin film hydrogel from the coverslip. Non-mineralized 
gels seemed especially prone to the latter. 
3.3 BIOFILM ANALYSES 
Escherichia coli 18f biofilms were grown in a bioreactor to determine their elasticity by 
AFM microindentation. The biofilms grow in smaller clusters –called colonies-, instead of creating 
a continuous film across the coupon (Figure 7a). In order to use the Hertz model to calculate the 
Young’s modulus, the allowable indentation depth of the biofilms was determined by measuring 
the height of the biofilm. The bioreactor run parameters are shown in Table 2 for two reactor runs 
(B1 and B2) for which biofilm thicknesses of clusters from each run were measured. Both biore-
actor runs used a saturated CaCO3 TSB broth solution in the batch phase, but the incoming 
CaCl2/Na2CO3 concentrations and the total run times differed. The storage solution was a 10 mM 
HEPES solution (pH adjusted to 7.0) for both B1 and B2, however the B2 storage solution was 
also saturated with calcium carbonate. Z-stacks of stained biofilm clusters were taken with focal 
microscope (Figure 7b) and analyzed using Comstat2 (Comstat2; Heydorn et al., 2000; 
Vorregaard, 2008), which uses biomass at the substratum in its thickness analyses (Figure 7d). 
Averages of eight cluster thicknesses resulted in similar biofilm thicknesses for B1 and B2 (Table 
2), around 38 µm, despite the differences in bioreactor run conditions. According to these prelim-
inary investigations, the changes in both the concentration of CaCl2/Na2CO3 and in the run time 
have a negligible influence on the biofilm thickness, however, it is not known whether they have 
affected the surface coverage. These results are, however, not enough to draw conclusions owing 
to the small number of investigated biofilms, and current efforts are directed to grow more biofilms 
under diverse conditions. 
AFM microindentation force maps were performed on biofilm clusters in 10mM HEPES 
solution (Figure 7c). Although grown under varying conditions to achieve optimal growth condi-
tions, the probed clusters over all days and samples had an average elastic modulus of 0.16 0.42 
kPa, with a minimum and maximum value of 3.4 and 0.01 kPa, respectively. The values were 
obtained using colloidal probes with unknown roughness and should be repeated with smooth col-
loids for more reliable results. Additionally, biofilm thickness in individual clusters is not known 
and may pose further deviations due to substrate effects. Many various concentrations of 
CaCl2/Na2CO3 were used to induce precipitation within or on the biofilms, and while many calcite 
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precipitates where seen in the bioreactor solution, no visible crystals on or within the biofilm were 
detected with the microscope or the AFM. 
Table 2: Summary of two bioreactor run growth parameters. Average biomass thickness values are com-
prised of analysis values from many clusters on reactor coupons for each run. 
 
 
Figure 7: Escherichia coli 18f biofilms were grown in a bioreactor under various CaCl2/Na2CO3 concen-
trations, and stored in 10 mM HEPES solutions for experiments. Biofilm images from the microscope (a) 
show the relative size of clusters and their shape. AFM microindentation was done on 30x30 μm areas on 
Replicate B1 B2CaCl2/Na2CO3 Feed Solution Concentrations (mM) 1.25 2.50Pump Run Time (hours) 29 52.5
Total Growth Time (hours) 52.5 76.5
Storage Solution 10mM HEPES + saturated CaCO3 10mM HEPESAverage Biomass Thickness (µm) 37.02 ± 18.21 38.27 ± 8.55
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clusters (c). Biofilm thickness was evaluated using confocal microscope on stained biofilms (b). The 
green and red lights indicate live and dead bacterium, respectively. The biofilm thickness analysis was 
performed on confocal microscope z-stacks using Comstat2, which uses biomass at the substratum in its 
analysis. An example of the substratum mass for a single cluster is shown in (d).   
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CONCLUSIONS AND OUTLOOK 
Understanding a planktonic bacterium’s interactions with a biofilm in a DWDS is important 
because planktonic bacteria provide a continual source of living cells to biofilms, enhancing their 
proliferation in DWDSs. We expect these interactions to change if the Young’s modulus is altered 
due to the presence of mineralization, however our current results have not definitively confirmed 
this. Due to the wide range of Young’s moduli calculated for non-mineralized and mineralized 
gels, possibly due to changes in water content among replicates, further studies are needed to con-
firm the strengthening or weakening of the gel in response to mineralization. AFM microindenta-
tion studies on non-mineralized gels in deionized water and on calcium-enhanced gels will help 
determine the role of calcium ions in the network structure. To help understand the role of local 
heterogeneities within the hydrogel on the macroscopic (visco)elasticity, macro-rheology experi-
ments will be performed on non-mineralized gels in deionized water and saturated CaCO3 solution, 
and on 25, 50, and 100 mM mineralized and calcium-enhanced gels. Adhesion energies and pull-
off forces will be measured for non-mineralized and mineralized hydrogels using calcite crystals 
and latex colloids (to simulate a bacterium) as the colloidal probe to understand how these inter-
actions change in the presence of mineralization.   
Future biofilm analyses include thickness measurements, surface coverage analyses, and 
AFM microindentation studies to determine the effect of varying concentrations of CaCl2/Na2CO3, 
run time, and shear rate on the growth patterns and mechanical properties of the biofilms. We hope 
to achieve visible crystals on or within the biofilm to perform the similar studies as with the min-
eralized agarose hydrogels. 
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APPENDIX . 
 
Figure 8: Fourier transform infrared spectroscopy (FTIR) graph compares the signals for mineralized 
gels for 25 mM (blue), 50 mM (green), and 100 mM (red) concentrations, and powders (Sigma-Aldrich) 
from agarose (black), CaCO3 (grey), CaCl2 (yellow), and Na2CO3 (purple). The mineralized gels do not 
contain any CaCl2 or Na2CO3 residual.  
 
Figure 9: Onset temperature of agarose decomposition (a) in mineralized (empty circles) and calcium-
enhanced gels (filled), and (b) the two-step carbonate decomposition in mineralized gels. CaCO3(I) (cir-
cles) is expected to be calcite with embedded agarose fibers, while CaCO3(II) (squares) is thought to be a 
more stable form of calcite. Preparation concentrations refer to concentrations of CaCl2/Na2CO3 and 
CaCl2 in mineralized and calcium-enhanced gels, respectively. 
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Figure 10: Image of AFM colloidal probe used in AFM experiments. All colloidal spheres were made of 
SiO2 and had an RMS of no greater than 4 nm. 
 
